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Since plastics degrade very slowly, they remain in the environment on much longer timescales 
than most natural substrates and can thus provide a novel habitat for colonization by bacterial 
communities. The full spectrum of relationships between plastics and bacteria, however, is little 
understood. The objective of this study was to examine marine plastic pollution as a substrate for 
bacteria, with particular focus on Vibrio spp., including the human pathogens, Vibrio cholerae, 
Vibrio parahaemolyticus, and Vibrio vulnificus.  
Colonization experiments were set up in a tributary of the lower Chesapeake Bay to 
follow Vibrio spp. colonization and total bacterial community composition over time. 
Microplastics and paired seawater samples were also collected and examined for the presence 
and abundance of Vibrio spp. In many instances, vibrios were enriched on plastics by at least two 
orders of magnitude compared to paired seawater samples. Antibiotic-resistance profiles for 
Vibrio spp. isolates revealed no differences between the antibiotic susceptibilities of vibrios 
isolated from plastics compared to those from the surrounding water column. There was, 
however, a significant difference in antibiotic susceptibility between isolates from colonization 
experiments and microplastics, with more resistance overall seen in the former.  
Bacterial colonization on plastics was detected with DNA sequencing as early as day two 
and communities on plastic were consistently distinct and more diverse than surrounding 
seawater. Fifteen different bacterial classes were found in water and biofilms and 171 genera 
were identified. Among all samples, Gammaproteobacteria (30%) constituted the majority of the 
total sequences with the next most retrieved bacterial classes being Bacteroidetes (28%) and 
Alphaproteobacteria (20%). Colonization rates and community structure varied temporally and 
among substrate types, suggesting that numerous factors should be considered when 
characterizing microbial communities on plastic. This is the first study to culture V. cholerae, V. 
parahaemolyticus, and V. vulnificus from marine plastics,  demonstrates that plastic pollution 
serves as a habitat for Vibrio species, and confirms the conjecture of Zettler et al. (2013) that 
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The initial development of commercial plastics took place between 1930 and 1940 and the start 
of World War II brought plastics into high demand. Although plastic has been around for a little 
less than a century, its impact on the planet has been immense and in many ways irreversible. 
Plastic disposal has become a cause for concern as knowledge of plastic pollution in the marine 
environment has increased exponentially in the past few decades. Studies of marine plastic 
pollution first appeared in the scientific literature in the 1960s and 1970s (e.g., Carpenter and 
Smith, 1972; Kenyon and Kridler, 1969; Wong et al., 1974) and the subject has since developed 
into a highly published topic. By 2014, global plastic resin production increased 689% compared 
to 1975, with the largest market sector (~40%) being packaging – all intended for single use 
(Jambeck et al., 2015; PlasticsEurope, 2017). Jambeck et al. (2015) estimated that 4.8 – 12.7 
million metric tons (MT) of plastic waste enters the ocean from coastal populations each year. 
Plastic has become the most common form of marine debris and by 2025, its entry into the 
oceans is estimated to increase by an order of magnitude without improvements in global waste 
management infrastructure (Jambeck et al., 2015). There is less information available for other 
sources of marine plastic pollution such as wastewater treatment plants, freshwater systems, 
atmospheric fallout, and ocean based sources, though we know that these also represent 
noteworthy contributions (Dris et al., 2015).  
Marine plastic pollution can already be found in many marine environments, including all 
coastal areas and remote beaches, trapped in sea ice in both the Arctic and Antarctic, throughout 
the open ocean and water column, and on the sea floor (Derraik et al., 2002; Duhec et al., 2015; 




et al., 2014). The largest estimate of plastic standing stock in surface waters of the world’s 
oceans is, at a minimum, 5.25 trillion plastic particles with a mass of 268,940 tons (Eriksen et al., 
2014). This standing stock estimate represents only 0.01 – 0.1% of the plastic believed to enter 
the marine environment annually. Evidence points to size selective sinks in which microplastics 
are removed from the surface waters via nano-fragmentation, food web transfer, biofouling and 
subsequent changes in density, as well as potentially other unknown processes (Enders et al., 
2015).  
Microplastics have been defined in a number of ways, but are most consistently described 
as plastic pieces smaller than 5 mm. They are typically tiny plastic granules (pellets) used in the 
production of larger-scale plastics, tiny plastic beads used in cosmetics and industry, or small, 
broken-down products of large plastic debris. Deep-sea sediments are thought to be a major sink 
for microplastic debris as there are up to four orders of magnitude more plastic fibers present in 
sediments than in contaminated surface waters (Woodall et al., 2014). Arctic sea ice also 
contains concentrations of microplastics several orders of magnitude greater than those of 
surface waters (Obbard et al., 2014). Now, as we face global warming and its effects on the 
planet, sea ice may no longer represent a sink for microplastics, but instead pose a significant 
source to the oceans.  
Investigations into the effects of plastics on marine biota began in the early 1960s, 
however the impacts of microplastics took decades to become strongly considered (Gall and 
Thompson 2015; Thompson et al., 2004). The majority of investigations to date have focused on 
entanglement of marine animals as well as ingestion of plastic by many marine species 
(Andrady, 2011; Cole et al., 2011; Derraik et al., 2002; Gregory, 2009; Moore, 2008). Gall and 




that report encounters between organisms and marine debris, with plastic debris accounting for 
92% of those encounters. These studies have documented 693 species that have ingested or been 
entangled in marine debris, with at least 17% of those species listed as threatened or near 
threatened (Gall and Thompson, 2015).  
Marine species can be accidentally entangled in lost or abandoned netting, rope, traps, 
and monofilament lines (Gregory, 2009). This lost or abandoned fishing gear can often retain the 
ability to capture target fish and other species for very long periods of time. It is difficult for 
animals that become entangled in this gear to escape, which leaves them to drown or die from 
injury and starvation. Ingestion of plastics has been demonstrated in a large range of marine 
organisms, including but not limited to seabirds, cetaceans, fish, crustaceans, oysters, pelagic 
larvae, zooplankton, and even corals (Cole et al., 2013; Cole et al., 2015; Davison and Asch, 
2011; Hall et al., 2015; Sigler, 2014; Sussarellu et al., 2015; Watts et al., 2014; Wilcox et al., 
2015). Ingested microplastics can obstruct feeding and block the passage of food to the digestive 
tract or cause food intake to be limited by pseudo-satiation (Cole et al., 2011). Due to a large 
surface to volume ratio, microplastics are also known to concentrate persistent organic 
pollutants, aqueous metals, and endocrine disrupting chemicals (Galgani et al., 2015; Gauquie et 
al., 2015). In addition to concentrated environmental pollutants, plastic additives incorporated 
during manufacture may pose a serious problem for marine organisms by leaching into the 
marine environment or into guts after ingestion (Teuten et al., 2007). Trophic transfer may also 
represent a major issue for marine organisms, but also as a human health concern, since many 
affected species are sold for human consumption (Neves et al., 2015). Not only might actual 
plastic pieces be transferred through trophic levels, but concentrated environmental pollutants 




Colonization of marine plastic debris was first documented in the 1970s when diatoms 
and other microbes were found on plastics in the Sargasso Sea and other areas in the North 
Atlantic (Carpenter and Smith, 1972; Colton et al., 1974). Not until more recently has marine 
plastic been more vigorously examined as a habitat for aquatic microbial communities (Barnes, 
2003; Maso et al., 2003; Oberbeckmann et al., 2014; Reisser et al., 2014; Zettler et al., 2013). 
Since plastics have an estimated degradation time of hundreds to thousands of years, they remain 
in the environment on drastically longer timescales than most natural substrates. This long 
lasting substrate thus provides a habitat for the colonization and possible dissemination of 
microbial communities, including bacteria that are human pathogens (De Tender et al., 2015; 
Zettler et al., 2013). Zettler et al. (2013) showed a high diversity of microbial communities 
composed of heterotrophs, autotrophs, predators, and pathogens living in the ‘Plastisphere’, the 
term they coined to encompass the environment in, on, and immediately surrounding a plastic 
piece in the marine environment. The microbial communities found on marine plastic debris and 
in the surrounding seawater were shown to differ from ‘Plastisphere’ communities and were 
further described as being genetically unique (Amaral-Zettler et al., 2015). In one particular 
sample of polypropylene, Zettler et al. (2013) observed a dominance of a member of the genus 
Vibrio, suggesting that plastic might also serve as a ‘vector’ of pathogens and infectious diseases. 
Since then, other studies have been published confirming the presence of Vibrio on marine 
plastic as well as other potentially pathogenic bacteria and harmful algae (Kirstein et al., 2016; 
Oberbeckmann et al., 2016).  
Vibrio is a ubiquitous and rapidly adapting bacterial genus with a variable habitat 
preference, including both host associated and free living representatives (Schmidt et al., 2014). 




several pandemics and countless epidemics across the globe. These pathogens are also very 
important in the commercial world, as they inflict expensive losses on farmed fish, mollusks, and 
shrimp. Given their impact on human and animal health, together with ease of their culture, we 
know a considerable amount about vibrios’ genetic makeup (Schmidt et al., 2014). In this regard, 
Cordero et al. (2012) determined that different species of Vibrio form cohesive groups within 
which they easily exchange genetic elements to confer greater antibiotic resistance as well as 
regulate virulence.  
 Antibiotics are chemical compounds that either kill or inhibit the growth of 
microorganisms. These substances are integral to modern society and human health and as such 
have been used in excess since their discovery. In 1928, Alexander Fleming was the first to 
identify a chemical compound, penicillin, with antibiotic properties. After this discovery, 
antibiotics went on to revolutionize medicine in the 20th century and research in antibiotics 
flourished. For example, compared to previous conflicts, the relatively fewer deaths from 
infection and disease in World War II are attributed to antibiotics (Chang et al., 2015). Today, 
antibiotics are widely used to treat human illnesses, but they are also used extensively in 
agriculture (Chang et al., 2015). Unfortunately, our historic inability to use antibiotics in 
moderation has led to widespread antibiotic resistance in the environment (Berendonk et al., 
2015). In the context of marine plastic pollution, and compounding concerns with plastic as a 
vector of potentially pathogenic organisms, antibiotic resistance genes (ARGs) associated with 
“Plastisphere” biofilm communities are potentially disseminated throughout the environment. 
This study examined plastics as a substrate for bacterial communities, with particular 
focus on Vibrio spp., including the human pathogens, Vibrio cholerae, Vibrio parahaemolyticus, 




differed from those in the surrounding seawater and if they differed based on polymer type. 
Vibrio spp. were specifically examined to determine if they differed in these two habitats and if 
they were enriched on plastics compared to the surrounding seawater. Finally, the antibiotic 
profiles of V. cholerae, V. parahaemolyticus, and V. vulnificus in biofilms as well as surrounding 
seawater communities were determined. To my knowledge, this project is one of the first to 
investigate antibiotic resistance associated with microbes on plastics.  
METHODS 
MICROPLASTIC COLLECTION, EXAMINATION, VIBRIO CULTURE, AND FTIR 
ANALYSIS 
I employed a similar approach to that used by Zettler et al. (2013) to assess microbial 
communities on microplastics in the marine environment. A zooplankton net (80μm mesh, 30 cm 
diameter) was towed (100 meter tow length) a total of twenty-five times to collect microplastics 
in surface waters at Old Dominion University’s Sailing Center on the Elizabeth River from June 
through November 2015. Pieces of plastic were sorted using sterile forceps, photographed with a 
stereo-zoom microscope/camera and dimensions were subsequently recorded. Pieces were then 
gently rinsed with sterilized Phosphate Buffered Saline (PBS) before being transferred to 15-ml 
Falcon tubes for subsequent biofilm analysis. Plastics were sorted based on shape, color, and 
texture. Textile fibers were excluded from the analysis due to possible airborne contamination 
from clothing during sampling or processing. Water samples were also collected from the Sailing 
Center on the same sampling schedule. Collection bottles were rinsed three times with station 
water before holding water to be filtered. Individual pieces were given a unique ID beginning 




After rinsing with PBS, plastic pieces were transferred to separate 15-ml Falcon tubes 
containing 10 or 12 ml PBS and vortexed rigorously for one minute to dislodge components of 
the biofilm community. Vortexing did not remove all the biofilm from the surface, but rather was 
a sample of the removable organisms. Two milliliters of the biofilm suspension was placed into 5 
ml of LB + 1% NaCl broth, incubated at 35°C overnight with shaking, then placed into glycerol 
(50:50 v/v), frozen at -80 °C, and archived. The remainder of the biofilm suspension (8 or 10 ml) 
was divided in half and filtered onto separate 0.2μm sterile filters. One filter was placed on 
CHROMagarTM Vibrio media (CHROMagar, Paris, France), a specific media used for the 
detection and isolation of V. parahaemolyticus, V. vulnificus, and V. cholerae, with forceps and 
incubated at 35°C for Vibrio spp. colony counts and the other was placed into a sterile 15ml 
Falcon tube and frozen at -80°C for subsequent DNA extraction. Water samples were filtered 
and treated using the same protocol. Subsamples of AL1 – AL22 were not saved for DNA 
extraction and sequencing. Plastic pieces for Attenuated Total Reflectance Fourier transform 
infrared spectroscopy (ATR-FTIR) were placed in water during the early sampling dates, then 
beginning with AL37, pieces were fixed in 2.5% glutaraldehyde and refrigerated (4°C).  
Of the 41 pieces of microplastic collected, 23 were fixed and sent to the Alfred Wegener 
Institute Helmholtz Centre for Polar and Marine Research for ATR-FTIR analysis. Prior to the 
analysis, all samples were treated overnight with 1 ml H2O2 (35%, filtered through 0.2μm 
Anodisc filters) to remove organic matter. After treatment, the samples were carefully washed 
with water (MilliQ, 1mL, two times) and dried at 30°C overnight. The ATR-FTIR measurements 
was performed on a Bruker TENSOR 27 spectrometer, equipped with a Bruker Platinum-
Diamant-ATR unit. For analysis and data collection, the Bruker OPUS 7.5 software was used. 




on vector-normalization. The results were given as a hit value as quality index (highest value, 
representing the best possible identification, is 1000, the lowest 300). 
 
COLONIZATION EXPERIMENTS 
In October 2015, four polymer types (low-density polyethylene, high-density polyethylene, 
polypropylene, and polycarbonate) and glass substrates were hung from a floating dock in the 
Lafayette River, approximately 10 cm below the water surface, to follow Vibrio spp. 
colonization and total community composition over a geometric time series emphasizing the 
early days (1, 2, 4, 8, 16, and 30 days). Microscope slides (2.5 x 7.5 x 0.1cm) were used for the 
glass substrate. Similarly sized plastic pieces were prepared from stock material.  On each 
sampling day, water temperature and salinity were recorded and four slides of each substrate 
sampled. Slides were transported to the lab in 50ml Falcon tubes filled with seawater. Three 
slides of each substrate were processed for colonization and community composition, and the 
fourth was refrigerated (4°C) in 2.5% glutaraldehyde for examination using scanning electron 
microscopy (SEM).  The SEM work was not performed, however, and these slides will not be 
considered further.    
After retrieving the colonized plastic and glass substrates, they were gently rinsed with 
sterilized PBS to remove non-adherent microorganisms. A section (2.5 x 5.2cm) of each 
substrate was scraped using sterile inoculation loops and biofilms were transferred to separate 
15-ml Falcon tubes containing 10 or 12 ml PBS. Falcon tubes were lightly vortexed to ensure a 
well-mixed solution. Eight to 10 ml of the biofilm suspension was divided in half and filtered 
onto separate 0.2μm sterile filters (as above). One filter was placed on CHROMagarTM and 




Falcon tube and frozen at -80°C for subsequent DNA extraction. Corresponding water samples 
were treated using the same protocol, however, filters from the first colonization experiment 
were not properly saved for bacterial community DNA extraction and were not processed 
further.  
This colonization experiment was performed again in January 2016, employing a similar 
geometric time series (1, 2, 4, 9, 17, and 31 days), but with one additional type of plastic 
(polystyrene).  
 
STATISTICAL ANALYSES AND COLONIZATION EXPERIMENTS 
Log10 transformed Vibrio spp. colony counts from both colonization experiments were analyzed 
using a two-way analysis of variance (ANOVA). These ANOVAs assessed both the variations in 
time and substrate type.  
 
CULTURE WORK AND PCR 
CHROMagarTM plates were examined after 24 hours incubation and putative Vibrio colonies 
were quantified and expressed as colony-forming units (CFUs) per ml of seawater or square cm 
of substrate. In addition, 3-5 colonies of putative Vibrio spp. were ‘picked’ from the plates, 
separately grown overnight in LB broth + 1% NaCl at 35°C, then 500µl of the bacterial 
suspension was placed into glycerol (50:50 v/v) and frozen at -80°C for later PCR analysis and 
antibiotic testing.  
Isolates from microplastics collected with a net and from colonization experiments were 
revived in LB broth + 1% NaCl at 35°C for PCR identification. After 24 hours, 400µl of each 




rcf (Marathon 21000R) for 15 minutes. The supernatant was decanted and 100µl of PBS was 
added to the tubes. The tubes were held in boiling water for 15 minutes to extract DNA, 
centrifuged at 11,290 rcf for 10 minutes, and the supernatant pipetted to new 1.5ml 
microcentrifuge tubes and stored at -20°C until used for PCR analysis for V. cholerae, V. 
vulnificus, or V. parahaemolyticus.  
PCR reactions were run to determine how many of the putative vibrios isolated on 
CHROMagarTM were indeed Vibrio spp. The forward 567 (5’ – 
GGCGTAAAGCGCATGCAGGT – 3’) and the reverse 680 primers (5’ – 
GAAATTCTACCCCCCTCTACAG – 3’) generated a 120 bp long amplicon (Thompson et al., 
2004). The temperature profile for the PCR was as follows: an initial step of 10 min at 94°C, 
followed by 25 cycles of denaturation for 30 s at 94°C, annealing for 30 s at 55°C and primer 
extension for 1 min at 72°C. After the 35th cycle, the extension step was prolonged for 7 min to 
complete synthesis of all strands, and then the samples were kept at 4°C until analysis.  
PCR reactions targeted the hemolysin/cytolysin gene vvhA of V. vulnificus and produced 
a single 411 bp product with the use of primers vvhA-F 5’-AGCGGTGATTTCAACG -3’ and 
vvhA-R 5’- GGCCGTCTTTGTTCACT-3’ (Warner and Oliver, 2008). The thermal cycling 
conditions for vvhA consisted of an initial denaturation step at 94°C for 3 min, followed by 30 
cycles of 45 s at 94°C (denaturation), 45 s at 55°C (annealing) and 45 s at 72°C (extension). A 
final extension step of 2 min at 72°C was performed. 
The detection of V. parahaemolyticus was based on the amplification of the tlh gene 
(thermolabile hemolysin). The forward (5΄- ACTCAACACAAGAAGAGATCGACAA-3΄) and 
the reverse primers (5΄ GATGAGCGGTTGATGTCCAA-3΄) generated a 233 bp long amplicon 




33 cycles of annealing and extension. Per cycle, the samples were heated to 95°C for 1 minute, 
cooled to 55°C for 1 minute, and heated to 72°C for 1 minute. In the final extension phase, the 
samples were held at 72°C for 5 minutes. 
V. cholerae primers Pvc-F groEL (5’-GGTTATCGCTGCGGTAGAAG-3’) and Pvc-R 
groEL (5-ATGATGTTGCCCACGCTAGA-3’) produced a 116 bp product (Fyske et al., 2012). 
PVC-groEL samples called for denaturation at 95°C for 5 minutes, followed by 25 cycles of 
annealing and extension at 95°C for 5 seconds, 58°C for 30 seconds, and 72°C for 15 seconds. 
There was no final extension phase.  
All reactions were run in either a PTC-100 Peltier Thermal Cycler (BioRad, Hercules, 
CA) or a Edvocycler (Edvotek, Washington, DC) in a total volume of 25µl composed of 2X 
Blue-Hot-Start-Taq (Denville Scientific Inc., Metuchen, NJ), 0.1µM of each primer (synthesized 
by MGW Operon, Huntsville, Alabama), 1% (final concentration) of dimethyl sulfoxide 
(DMSO, Sigma) and an appropriate volume of sterile MilliQ water to bring the reaction to a final 
volume of 25µl.  
Two microliters of V. vulnificus FVV DNA, V. parahaemolyticus 7P, and V. cholerae 
O139 were used as positive controls for each specific PCR reaction. No-template controls 
(master mix without any DNA template), together with positive controls for the two other PCR 
protocols, were the negative controls for all Vibrio species. PCR products were visualized using 
either a 1.5% or 2.0% agarose gel dyed with ethidium bromide. The gels were viewed and 
photographed using a Kodak Imaging System (Gel Logic 100) and a UV transilluminator (TFX-







Isolates from microplastics and colonization experiments (n=97) subsequently PCR-confirmed as 
V. cholerae, V. vulnificus, or V. parahaemolyticus were evaluated for their resistance to a suite of 
six antibiotics previously used to examine Vibrio spp. collected by the Dobbs lab: tetracycline 
(30μg), chloramphenicol (30μg), gentamicin (10μg), ampicillin (10μg), streptomycin (10μg), and 
rifampin (5μg). PCR-confirmed isolates from the two colonization experiments (n=68) were 
evaluated for their resistance to these antibiotics as well as six additional antibiotics chosen 
based on use in clinical treatment: doxycycline (30μg), azithromycin (15μg), ciprofloxacin (5μg), 
levofloxacin (5μg), erythromycin (15μg), ceftazidime (30μg).  Antibiotics were also chosen 
based on their varied mechanisms of action and modes of resistance (Appendix A). In total, 97 
and 68 isolates were evaluated for their response to six and twelve antibiotics, respectively. All 
isolates were tested using the Antimicrobial Susceptibility Testing method of the National 
Committee for Clinical Laboratory Standards (Wayne, 2002). This method generates zones of 
inhibition (ZOI) by placing paper discs with specific concentrations of antibiotics onto Mueller-
Hinton agar (Becton Dickinson, Inc., New Jersey) inoculated with a lawn of bacterial growth. 
The ZOIs generated are measured with a metric ruler and compared to a standard zone size 
specific to each antibiotic. Based on these zone sizes, isolates are then designated as Susceptible, 
Intermediate, or Resistant. Resistant isolates grew closer to the paper discs than susceptible 
isolates and thus susceptible isolates displayed larger zone sizes. The quality of media, discs, and 
technique was ensured using Escherichia coli as a control organism.   
Isolates were grown on LB + 1% NaCl agar plates to ensure they displayed no 
contamination before being transferred to LB broth (4.5 ml) and incubated at 35°C until the 




Dickinson, Inc., New Jersey). A sterile cotton swab was then used to inoculate the Mueller-
Hinton agar by dipping into the suspension, removing excess liquid by turning the swab against 
the side of the tube, and then spreading evenly over the entire plate by rotating the plate 60° three 
times (Andrews, 2001). Mueller-Hinton agar was prepared according to the manufacturer’s 
requirements and two plates were prepared for each isolate with six antibiotics applied per plate. 
Antibiotic discs were applied using a Sensi-Disc dispenser (Becton Dickinson, Inc., New Jersey) 
and plates were incubated for 18 – 24 hours at 35°C. Any zones of growth inhibition (ZOI) 
around the antibiotic disks were then measured with a metric ruler and the susceptibility was 
categorized according to standard ZOI measurements for each antibiotic (i.e. susceptible, 
intermediate, or resistant). 
 
STATISTICAL ANALYSES AND ANTIBIOTIC TESTING 
ZOI data were analyzed using PRIMER (Plymouth Routines in Multivariate Ecological 
Research) V6 software (PRIMER-E, Plymouth, UK), a program that includes principal 
component analysis (PCA) and hierarchical clustering (HCA). The 6 and 12 antibiotic datasets 
were analyzed independently. Similarity indices based on Euclidean distance were calculated for 
all pairwise combinations of isolates’ antibiotic susceptibility profiles. Relationships were 
examined by cluster analysis and demonstrated with plots of principal-component similarity 
coefficients. A one-sample Kolmogorov-Smirnov test tested the parametric assumption that the 
data were normally distributed. As the data were skewed, Mann-Whitney and Student’s t-tests 
were used to identify statistically significant differences in antibiotic profiles between isolates 





BIOFILM DNA EXTRACTIONS AND SEQUENCING 
DNA was extracted from previously frozen filters using MO BIO’s PowerBiofilm® DNA 
isolation kit. To check quality of the extracted DNA, a 16S PCR was run using primers BAC-8F 
(5'-AGAGTTTGATCCTGGCTCAG-3') (Turner et al., 1999) and 1492R (5′-
GGTTACCTTGTTACGACTT-3′) to amplify an approximately 1,500 bp long fragment of 
bacterial 16S rRNA gene (Lane, 1991). This PCR consisted of an initial denaturation step at 
94°C for 1 min followed by 30 PCR cycles (95°C denaturation for 1 min; primer annealing at 
55C°for 1 min; and primer extension at 72°C for 2 min), and a final 7 min elongation step at 
72°C. Extraction controls did not yield amplicons. DNA concentration and quality was 
determined by microspectrophotometry (Nano-Drop ND 2000C). DNA was also extracted from 
four ATR-FTIR confirmed polyethylene microplastics and three corresponding water samples.  
DNA was shipped to Mr. DNA (www.mrdnalab.com, Shallowater, TX, USA) and 
sequenced with MiSeq Illumina technology with amplification of the V3-V4 hypervariable 
region of the 16S rRNA gene. Sequencing was performed on a MiSeq following the 
manufacturer’s guidelines. The 16S rRNA gene PCR primers 341/806 with barcode on the 
forward primer were used in a 28 cycle PCR using the HotStarTaq Plus Master Mix Kit (Qiagen, 
USA) under the following conditions: 94°C for 3 minutes, followed by 28 cycles of 94°C for 30 
seconds, 53°C for 40 seconds and 72°C for 1 minute, after which a final elongation step at 72°C 
for 5 minutes was performed. After amplification, PCR products were checked in a 2% agarose 
gel to determine the success of amplification. Multiple samples were pooled together based on 
their molecular weight and DNA concentrations, then purified using calibrated Ampure XP 






Sequencing data was received in the form of one large fasta and qual file, one mapping file, and 
three separate pooled fastq files. Using free software modules (www.mrdnsfreesoftware.com), 
files were converted into individual fastq files. The fastq files were then analyzed using the 
MOTHUR pipeline v.1.35.1 by Schloss et al. (2009). Sequences were depleted of barcodes and 
primers, then low quality sequences or sequences < 300bp, sequences with ambiguous base calls, 
and sequences with homopolymer runs exceeding 8 bp were removed (Schloss et al., 2009). 
Sequences were subsequently aligned using the SILVA 
(http://www.mothur.org/wiki/Silva_reference_files) reference database and were then further 
denoised (http://www.mothur.org/wiki/Pre.cluster) (Huse et al., 2010). Chimeras were removed 
with VSEARCH algorithm implemented in MOTHUR (https://github.com/torognes/vsearch) 
(Rognes et al., 2016). High quality sequences were classified (domain to genus level) using the 
Ribosomal Database Project (RDP) Naïve Bayesian Classifier (Wang et al., 2007) and 
contaminants (e.g. Archaea, Eukarya, mitochondria, and unknown domain) were removed. DNA 
distance matrices were calculated and used to define the number of operational taxonomic units 
(OTUs) at sequence divergences of 3% (97% similarity) (Schloss and Westcott, 2011). To 
normalize the sequence effort across samples, sequences were randomly subsampled to the 
sample with the fewest number of reads (2,500 sequences, 2.2.HDPE2).  
 
STATISTICAL ANALYSES AND SEQUENCING DATA 
Bacterial diversity richness was calculated using rarefaction curves, Invsimpson and Shannon 




were performed and then the Bray-Curtis indices (Clarke and Gorley, 2006) were calculated at 
1,000 bootstrap values, to graphically illustrate the relationships among the different samples.  
RESULTS 
SALINITY AND TEMPERATURE 
Colonization Experiment #1 was conducted between October and November, 2015 and 
temperatures ranged between 14.8 and 21.5 °C. Colonization Experiment #2 took place between 
January and February, 2016 with temperatures much colder, ranging between 2.1 and 9.5 °C. 
Microplastic samples were collected between June and November of 2015 with temperatures 
ranging between 16.1 and 30.1 °C (Appendix B). Salinity measurements were similar across 
sampling dates, though not recorded for all, and ranged between 17 and 23ppt (Appendix B).  
 
MICROPLASTIC COLLECTION, EXAMINATION, VIBRIO CULTURE, AND FTIR 
ANALYSIS 
In total, 41 putative microplastics were collected from approximately 707,000 liters of water in 
the Elizabeth River, equating to one putative microplastic for every 17m3 of water. Volume was 
calculated using radius of net and total distance towed, and did not account for water flow 
changes associated with any currents. Pieces ranged between 0.14mm and 8.62mm in size 
(longest dimension), with only two pieces surpassing the 5mm literature standard for 
microplastics. Most pieces were transparent (others were white, yellow, red, and blue) and 
distinctly biofouled (Fig. 1). Of the 41 pieces collected, 23 were examined using Attenuated 
Total Reflectance Fourier Transform Infrared spectroscopy (ATR-FTIR). The remaining 18 were 




identification was not possible for 6 of the 23 samples, as the identification qualities were 
typically divided among polyethylene, polypropylene, viscose, or cellulose. Of the 17 samples 
successfully identified, the majority were polyethylene (52%), while the rest were 
polypropylene, polystyrene, wood, p-vinylpyrrolidone/vinyl acetate, or cellulose/viscose (Table 
1). Four of the FTIR-confirmed polyethylene plastics were determined to be oxidized or partially 
oxidized. Biofilm was still present on many samples, even after the microplastic pieces had been 
processed for bacterial culturing and treated overnight with hydrogen peroxide.  
 
 
Table 1  
Identification of 23 putative microplastic pieces using Attenuated Total Reflectance Fourier 
Transform Infrared spectroscopy (ATR-FTIR). 
Sample ID Identification Biofilm Present? 
AL6 No clear ID possible No 
AL7 Polypropylene Yes 
AL8 Polyethylene  Yes 
AL9 Polyethylene  Yes 
AL10 Wood No 
AL11 Polyethylene  Yes 
AL12 No clear ID possible No 
AL13 Polyethylene  Yes 
AL15 Polyethylene  Yes  
AL16 Polyethylene  No 
AL17 Polyethylene  No 
AL18 No clear ID possible No 
AL19 Polyethylene  Yes  
AL20 No clear ID possible No 
AL21 No clear ID possible No 
AL38 Polyethylene  Yes  
AL41 No clear ID possible Yes 
AL42 Polyethylene  Yes 
AL43 Polyethylene  Yes 
AL46 Polyethylene  Yes 
AL47 Polystyrene No 
AL48 P-vinylpyrrolidone/vinyl acetate copolymer No  





Fig. 1. Putative microplastics photographed with a stereo-zoom microscope/camera after their 
collection from surface waters of the Elizabeth River at Old Dominion University’s Sailing 
Center. Samples were collected from June through November 2015. Pieces varied in color and 
most were distinctly biofouled. Bars represent one millimeter.  
 
 
Microplastics AL38, 42, 43, and 46 were selected for further analysis, as they all were a 
single ATR-FTIR confirmed plastic type (polyethylene) and filters containing their biofilm 
suspensions had been archived at -80°C, allowing further analysis via DNA sequencing. In those 
four instances, the concentrations (CFU/cc; 1cc = 1ml) of putative vibrios were enriched on 
microplastics by at least one to two orders of magnitude compared to concentrations (CFU/ml) in 
paired seawater samples (Fig. 2). Median values were 43,307 and 225 CFUs, respectively; the 
distributions in the two groups differed significantly (Wilcoxon ranksum=26, n1 = 4 n2 = 4, p= 





Fig. 2. Concentration of putative Vibrio spp. on microplastics (red squares) and in paired water 
samples (blue triangles).  
 
 
COLONIZATION EXPERIMENTS  
In all experiments, biofilm was visibly apparent on submerged plastic by day four. In 
Colonization Experiment #1, concentrations of Vibrio spp. on the various substrates increased 
from 0 CFUs/cm2 on day 1 (data not displayed) to between 500 and 2000 CFUs/cm2 by day 16, 
and remained approximately the same or were slightly lower on day 30 (Fig. 3).  Across time 
points (days 2, 4, 16, 30), concentrations on the five substrates were significantly different 
(ANOVA on log10-transformed data, n=72, F= 103.86, p= <0.001) (Table 2). Considered over 
the course of the experiment, Vibrio concentrations were consistent with a bacterial growth 




Mean concentrations of Vibrio spp. in paired water samples ranged between 3/ml (day 
16) and 250/ml (day 1) (1ml = 1cm3).  On days 16 and 30, Vibrio concentrations, normalized to 
account for dilutions and surface area, were 500 to 1000 times greater on the substrates than in 




Fig. 3. Colonization Experiment #1 (12 Oct – 10 Nov 2015): Mean (n=3,  ± 1 sd) concentrations 
of Vibrio spp. From biofilms on plastics and glass, and from paired seawater samples. For 
clarity, points are jittered about the day of sampling. Values for day 1 all were zero and are not 
displayed.  Substrate types: low-density polyethylene (LDPE), high-density polyethylene 








Table 2  
ANOVA for Colonization Experiment #1. Columns represent water or substrate and rows 
represent replicate CFU counts over time.  
Source SS df MS F Prob>F 
Columns 0.512 5 0.1024 0.28 0.9222 
Rows 114.298 3 38.0995 103.86 <0.001 
Interaction 55.546 15 3.703 10.09 <0.001 
Error 17.608 48 0.3668   




In Colonization Experiment #2, concentrations of Vibrio spp. on the various substrates 
increased from 0 CFUs/cm2 on day 1 (data not displayed) to between 7 and 24 CFUs/cm2 by day 
31 (Fig. 4).  Across time points (days 2, 4, 16, 30), concentrations on the five substrates were 
significantly different (ANOVA on log10-transformed data, n=105, F= 67.24, p= <0.001) 
(Table 3).  
Mean concentrations of Vibrio spp. in paired water samples ranged between 1/ml (Day 
16) and 13/ml (day 1) and were greater than those on all substrates until day 31, when they were 
roughly equal for substrates and water, except for polystyrene, which was consistently lower or 
lowest.  Water temperatures were on average 13 degrees cooler than Colonization Experiment #1 







Fig. 4. Colonization Experiment #2 (12 Jan – 10 Feb, 2016): Mean (+ sd) concentrations of 
Vibrio spp. from biofilms on plastics and glass, and from paired seawater samples. Note the 
decreased range of the Y-axis relative to results for Colonization Experiment #1. For clarity, 
points are jittered about the day of sampling. Values for day 1 all were zero and are not 
displayed. Substrate types: low-density polyethylene (LDPE), high-density polyethylene 
(HDPE), polypropylene (PP), polycarbonate (PC), glass (Glass), and polystyrene (PS). 
 
 
Table 3  
ANOVA for Colonization Experiment #2. Columns represent water or substrate and rows 
represent replicate CFU counts over time. 
Source SS df  MS F Prob>F 
Columns 18.1989 6 3.0331 18.59 <0.001 
Rows 43.8888 4 10.9722 67.24 <0.001 
Interaction 22.1892 24 0.9245 5.67 <0.001 
Error 11.4225 70 0.1632   





CHROMAGAR IDENTIFICATION AND PCR RESULTS  
Taken together, microplastic sampling and colonization experiments yielded a total of 384 
putative Vibrio spp. isolates based on growth on CHROMagarTM. Of the amplifiable DNA 
samples from these isolates, 263 were PCR-confirmed as Vibrio spp. Of the PCR-confirmed 
Vibrio spp., 97 were further distinguished as V. cholerae (n=5), V. vulnificus (n=25), or V. 
parahaemolyticus (n=67), indicating a low correlation (37%) between chromogenic 
identification of CFUs on CHROMagarTM and Vibrio species identification using PCR. V. 
cholerae were found on high density polyethylene, polypropylene, and in water samples while V. 
vulnificus and V. parahaemolyticus were found in water and on every substrate examined. 
Although V. cholerae was not found on every substrate, some bacteria are viable, but not 
culturable, and thus cultured bacteria do not represent the full suite of bacteria that are present.  
 
ANTIBIOTIC (N=6) RESISTANCE TESTING 
Antibiotic-resistance profiles for six antibiotics were determined for 76 of the 97 PCR-confirmed 
isolates. Profiles were incomplete for the remaining 21, for reasons of non-criteron growth. 
Overall, in isolates from the colonization experiments, there were no differences between the 
antibiotic susceptibilities of vibrios isolated from plastic substrates compared to those from the 
surrounding water column. There was, however, a significant difference in antibiotic 
susceptibility between isolates from colonization experiments in the Lafayette River and those 
from microplastics collected from the Elizabeth River, with more resistance overall seen in the 
former.  
The most common forms of resistance were to ampicillin and rifampin (Table 4). Isolates 




third of isolates were resistant to multiple antibiotics (n=25; 33%). V. parahaemolyticus and V. 
cholerae isolates showed the highest resistance while V. vulnificus isolates were more 
susceptible overall. For example, 89% of V. parahaemolyticus and 67% of V. cholerae isolates 




Table 4  
Vibrio spp. isolates  (n=76) resistant, intermediate, or susceptible to ampicillin (AM), 
streptomycin (S), rifampin (RA), tetracycline (TE), gentamicin (GM), and chloramphenicol (C). 
For each combination of antibiotic and response, values are shown for number of isolates and 
percent (in parentheses). Bolding indicates the most common forms of resistance.  
 AM GM S RA C TE 
Resistant  52 (68) 3 (4) 7 (9) 26 (34) 0 (0) 1 (1) 
Intermediate 5 (7) 15 (20) 40 (53) 18 (24) 5 (7) 4 (5) 












V. parahaemolyticus, V. cholerae, and V. vulnificus (n=76) isolates resistant, intermediate, or 
susceptible to ampicillin (AM), streptomycin (S), rifampin (RA), tetracycline (TE), gentamicin 
(GM), and chloramphenicol (C). Values are shown for number of isolates and percent (in 
parentheses). Bolding indicates the most common forms of resistance. Tables below are broken 
down by species: A) V. parahaemolyticus, B) V. cholerae, C) V. vulnificus.  
 
A. V. parahaemolyticus (n=54) 
 AM GM S RA C TE 
Resistant  48 (89) 2 (4) 3 (6) 20 (37) 0 (0) 0 (0) 
Intermediate 4 (7) 10 (19) 33 (61) 11 (20) 2 (4) 4 (7) 
Susceptible 2 (4) 42 (78) 18 (33) 23 (43) 52 (96) 50 (93) 
 
B. V. cholerae (n=3) 
 AM GM S RA C TE 
Resistant  2 (67) 0 (0) 2 (67) 2 (67) 0 (0) 0 (0) 
Intermediate 1 (33) 2 (67) 1 (33) 1 (33) 1 (33) 0 (0) 
Susceptible 0 (0) 1 (33) 0 (0) 0 (0) 2 (67) 3 (100) 
 
C. V. vulnificus (n=19) 
 AM GM S RA C TE 
Resistant  2 (11) 1 (5) 2 (11) 4 (21) 0 (0) 1 (5) 
Intermediate 0 (0) 3 (16) 6 (32) 6 (32) 2 (11) 0 (0) 
Susceptible 17 (89) 15 (79) 11 (58) 9 (47) 17 (89) 18 (95) 
 
 
Hierarchical clustering and principal component analysis (PCA) allowed for further 
description of the 76 antibiotic profiles. In both the hierarchical clustering dendrogram (Fig. 5) 
and the two-dimensional PCA plot (Fig. 6), isolates’ resistance patterns emerged as two distinct 
groups—one from colonization experiments and the other from microplastics. Within these 




between isolates from water versus plastics. Euclidean distance, overlaid on the PCA plot in 
green, showed the overall level of agreement between the two multivariate methods (Fig. 6). 
Principal component (PC) 1 explained 44.9% of the variance and was influenced most by 
tetracycline, rifampin, and streptomycin, with loading values of 0.92, 0.88, and 0.83, respectively 
(Table 6). PC2 explained 22.9% of the variance and was more influenced by chloramphenicol 
and gentamicin. Combining PCs 1, 2, and 3 explained 83.8% of the variance in the data set. In 
Fig. 6, isolates exhibiting the greatest susceptibility to tetracycline, rifampin, and streptomycin 
had high, positive scores along PC1. Isolates exhibiting greatest susceptibility to 
chloramphenicol and gentamicin had high, positive scores along PC2. Notably, V. vulnificus 
isolates usually were among the most susceptible (Fig. 7). Further examination of the original 
data set confirmed that isolates from colonization experiments were overall more resistant to 
streptomycin and rifampin than isolates from microplastics. Nonparametric Wilcoxon rank-sum 
tests showed that isolates from Colonization Experiment #1 were more susceptible to 
gentamicin, streptomycin, chloramphenicol, and tetracycline than were isolates from 
microplastics (Table 7). In Colonization Experiment #2, isolates were more resistant, compared 














Fig. 5. Hierarchical clustering dendrogram showing isolates’ relationship based on their 
antibiotic susceptibility profiles. ZOI data for each isolate was compared with that of all other 
isolates using Euclidean distance similarity, then clustered using a group average algorithm. Data 
sets are color-coded (red circles, Colonization Exp. 1(C1), blue triangles, Colonization Exp. 
2(C2), green squares, microplastics (AL)). Substrate types: low-density polyethylene (LD), high-
density polyethylene (HD), polypropylene (PP), polycarbonate (PC), glass (G), and polystyrene 












Fig. 6. Principal components analysis (PCA) where PC1 represents increasing susceptibility to 
streptomycin, rifampin, and tetracycline, and PC2 represents increasing susceptibility to 
chloramphenicol and gentamicin. Eigenvectors for each antibiotic are shown as grey lines. Data 
sets are color-coded (red circles, Colonization Exp. 1(C1), blue triangles, Colonization Exp. 
2(C2), green squares, microplastics (AL)). The PCA is overlain with Euclidean distance (value 
of 3) from the cluster analysis (Fig. 5). Substrate types: low-density polyethylene (LD), high-
density polyethylene (HD), polypropylene (PP), polycarbonate (PC), glass (G), and polystyrene 











Loading values from principal component analysis of antibiotic susceptibility data for six 
antibiotics (abbreviated as in Table 2). The magnitude of loading, positive or negative, indicates 
the degree of influence the antibiotic has on each principal component. Loadings for the first 
three PCs are shown and for each, loadings having high absolute values are bolded.  
Antibiotics PC1 PC2 PC3 
RA 0.88 0.25 -0.11 
C -0.34 -0.82 0.17 




Fig. 7. Principal components analysis (PCA) where PC1 represents increasing susceptibility to 
streptomycin, rifampin, and tetracycline and PC2 represents increasing susceptibility to 
chloramphenicol and gentamicin. Eigenvectors for each antibiotic are shown as grey lines. 
Isolates are color coded to show relationship among species (green triangles, V. cholerae, blue 
triangles, V. vulnificus, magenta squares, V. parahaemolyticus). Substrate types: low-density 
polyethylene (LD), high-density polyethylene (HD), polypropylene (PP), polycarbonate (PC), 
glass (G), and polystyrene (PS). Water samples are labeled as H2O 
Antibiotics PC1 PC2 PC3 
AM 0.36 -0.02 0.92 
GM 0.39 -0.79 -0.22 





Comparisons of Zones of Inhibition (ZOI) for six antibiotics (abbreviated as in Table 2) in 
isolates from colonization experiments versus isolates from microplastics using a nonparametric 
Wilcoxon rank-sum test. Bold values show statistically significant results.  
Colonization Experiment #1 vs. Microplastics; 
(n=55) 
Colonization Experiment #2 vs. Microplastics; 
(n=48) 
Antibiotic Statistic (Z) P-value Antibiotic Statistic (Z) P-value 
AM -0.91 0.36 AM 0.52 0.60 
GM -3.68 2.33E-04 GM 0.26 0.79 
S -4.54 5.53E-06 S -2.33 0.02 
RA 1.08 0.28 RA -0.68 0.50 
C -2.27 0.02 C -0.12 0.91 
TE -1.97 0.05 TE 0.26 0.79 
 
 
ANTIBIOTIC (N=12) RESISTANCE TESTING 
Antibiotic-resistance profiles for twelve antibiotics were determined for 55 of the 68 PCR-
confirmed isolates from the two colonization experiments. No isolates from microplastics were 
tested against 12 antibiotics. The following results will focus on patterns of Vibrio species, more 
so than patterns of experiments.  
No differences emerged between the antibiotic susceptibilities of vibrios isolated from 
plastics compared to those from the surrounding water column. The most common forms of 
resistance were to ampicillin, rifampin, and erythromycin (Table 8) and approximately half of all 
isolates were resistant to multiple antibiotics (n=26; 47%).  
V. vulnificus isolates were again the most susceptible of the three species (Table 9) and 
cluster analysis showed this distinction between isolates based on species, though the number of 
isolates per species were not equal (Fig. 8). Both V. vulnificus and V. parahaemolyticus clustered 
with isolates of their respective species more recurrently than with isolates of other species (Fig. 




tetracycline, ciprofloxacin, and levofloxacin had high, negative scores along PC1 (loading values 
of -0.88, -0.81, and -0.83, respectively (Table 10). Isolates exhibiting greatest susceptibility to 
ampicillin had high, positive scores along PC2 (Fig. 9) (loading value of 0.88; Table 10). PC1 
explained 44.6%, PC2 11.8%, and together the first three PCs accounted for 67.2% of the 
variance in the data set. Nonparametric Wilcoxon rank-sum tests showed that isolates from 
Colonization Experiment #1 were less susceptible to gentamycin and erythromycin than isolates 




Vibrio spp. isolates  (n=55) resistant, intermediate, or susceptible to ampicillin (AM), gentamicin 
(GM), streptomycin (S), rifampin (RA), chloramphenicol (C), tetracycline (TE), ceftazidime 
(CAZ), azithromycin (AZM), doxycycline (D), erythromycin (E), ciprofloxacin (CIP), and 
levofloxacin (LVX). For each combination of antibiotic and response, values are shown for 
number of isolates and percent (in parentheses). Bolding indicates the most common forms of 
resistance. 
 AM GM S RA C TE 
Resistant  34 (62) 0 (0) 5 (9) 26 (47) 0 (0) 0 (0) 
Intermediate 3 (5) 10 (18) 34 (62) 20 (36) 0 (0) 4 (7) 
Susceptible 18 (33) 45 (82) 16 (29) 9 (16) 55 (100) 51 (93) 
 CAZ AZM D E CIP LVX 
Resistant  0 (0) 1 (2) 0 (0) 13 (24) 0 (0) 0 (0) 
Intermediate 1 (2) 9 (16) 0 (0) 40 (73) 9 (16) 0 (0) 









V. parahaemolyticus, V. cholerae, and V. vulnificus isolates resistant, intermediate, or susceptible 
to ampicillin (AM), gentamicin (GM), streptomycin (S), rifampin (RA), chloramphenicol (C), 
tetracycline (TE), ceftazidime (CAZ), azithromycin (AZM), doxycycline (D), erythromycin (E), 
ciprofloxacin (CIP), and levofloxacin (LVX). Values are shown for number of isolates and 
percent (in parentheses). Bolding indicates the most common forms of resistance. Tables below 
are broken down by species: A) V. parahaemolyticus, B) V. cholerae, C) V. vulnificus.  
 
A. V. parahaemolyticus (n=34) 
 AM GM S RA C TE 
Resistant  31 (91) 0 (0) 3 (9) 20 (59) 0 (0) 0 (0) 
Intermediate 2 (6) 7 (21) 25 (74) 11 (32) 0 (0) 4 (12) 
Susceptible 1 (3) 27 (79) 6 (17) 3 (9) 34 (100) 30 (88) 
 CAZ AZM D E CIP LVX 
Resistant  0 (0) 1 (3) 0 (0) 11 (32) 0 (0) 0 (0) 
Intermediate 0 (0) 7 (21) 0 (0) 22 (65) 7 (21) 0 (0) 
Susceptible 34 (100) 26 (76) 34 (100) 1 (3) 27 (79) 34 (100) 
 
B. V. cholerae (n=2) 
 AM GM S RA C TE 
Resistant  1 (50) 0 (0) 1 (50) 2 (100) 0 (0) 0 (0) 
Intermediate 1 (50) 1 (50) 1 (50) 0 (0) 0 (0) 0 (0) 
Susceptible 0 (0) 1 (50) 0 (0) 0 (0) 2 (100) 2 (100) 
 CAZ AZM D E CIP LVX 
Resistant  0 (0) 0 (0) 0 (0) 1 (50) 0 (0) 0 (0) 
Intermediate 0 (0) 1 (50) 0 (0) 1 (50) 0 (0) 0 (0) 
Susceptible 2 (100) 1 (50) 2 (100) 0 (0) 2 (100) 2 (100) 
 
 
C. V. vulnificus (n=19) 
 AM GM S RA C TE 
Resistant  2 (11) 0 (0) 1 (5) 4 (21) 0 (0) 0 (0) 
Intermediate 0 (0) 2 (11) 8 (42) 8 (42) 0 (0) 0 (0) 
Susceptible 17 (89) 17 (89) 10 (53) 7 (37) 19 (100) 19 (100) 
 CAZ AZM D E CIP LVX 
Resistant  0 (0) 0 (0) 0 (0) 1 (5) 0 (0) 0 (0) 
Intermediate 1 (5) 1 (5) 0 (0) 17 (89) 2 (11) 0 (0) 







Fig. 8. Hierarchical clustering dendrogram showing isolates’ relationship based on their 
antibiotic resistance profiles. ZOI data for each isolate was compared with that of all other 
isolates using Euclidean distance similarity, then clustered using a group average algorithm 
Isolates are color coded to show relationship among species (green triangles, V. cholerae, blue 
triangles, V. vulnificus, magenta squares, V. parahaemolyticus). Substrate types: low-density 
polyethylene (LD), high-density polyethylene (HD), polypropylene (PP), polycarbonate (PC), 







Fig. 9. Principal components analysis (PCA) where PC1 represents increasing resistance to 
tetracycline, ciprofloxacin, and levofloxacin and PC2 represents increasing susceptibility to 
ampicillin. Eigenvectors for each antibiotic are shown as grey lines. Isolates are color coded to 
show relationship among species (green triangles, V. cholerae, blue triangles, V. vulnificus, 
magenta squares, V. parahaemolyticus). The PCA is overlain with Euclidean distance (value of 
4) from the cluster analysis (Fig. 8). Substrate types: low-density polyethylene (LD), high-
density polyethylene (HD), polypropylene (PP), polycarbonate (PC), glass (G), and polystyrene 










Loading values from principal component analysis of antibiotic susceptibility data for the twelve 
antibiotics tested (left). The magnitude of loading, positive or negative, indicates the degree of 
influence the antibiotic has on each principal component. Loadings for the three principal 
components (PC1, PC2, and PC3) are shown along with the percent variance in the data 
explained by each. Bold values represent the loadings that have the greatest absolute values. 
Antibiotics PC1 PC2 PC3 
AM -0.18 0.88 0.13 
GM -0.73 -0.23 0.29 
S -0.52 -0.02 0.10 
RA -0.61 0.42 -0.10 
C -0.76 0.00 0.31 
TE -0.88 0.02 0.22 
CAZ -0.62 -0.54 0.04 
AZM -0.45 -0.08 -0.74 
D -0.75 -0.23 -0.20 
E -0.51 0.18 -0.66 
CIP -0.81 0.17 0.12 
LVX -0.83 0.07 0.05 




Comparison of ZOIs for twelve antibiotics in Colonization Experiment #1 and #2 isolates using a 
nonparametric Wilcoxon rank-sum test. Bold values show statistically significant results. 
 Statistic (Z) P-value 
AM -1.11 0.27 
GM -2.23 0.03 
S -0.63 0.53 
RA 1.25 0.21 
C -1.05 0.29 
TE -1.54 0.12 
CAZ -0.70 0.49 
AZM -0.19 0.85 
D -0.64 0.52 
E -2.13 0.03 
CIP -2.13 0.03 





BIOFILM DNA EXTRACTIONS AND SEQUENCING 
Nanodrop concentrations of sequenced DNA ranged between 0.6 and 45.1 ng/μl. Concentrations 
were low in the early stages of experimental colonization (days 1 – 4) and increased over time 
(days 16 and 31). Bacterial colonization was detected with DNA sequencing as early as day 2 
and plastic communities were consistently distinct from and more diverse than those in 
surrounding seawater. Approximately 1 million Illumina unpaired sequence reads were obtained 
for all 137 samples. After quality processing and normalization, 826,110 reads remained, with 
243,271 unique sequences at ≥97% similarity. 
 
RAREFACTION, SAMPLE COVERAGE AND DIVERSITY 
Blanks were removed for all further analysis. Rarefaction curves were calculated for 129 samples 
in all, 50 for Colonization Experiment #1 (Fig. 10 A), 70 for Colonization Experiment #2 (Fig. 
10, B), and 9 for microplastics (Fig. 10 C). Across all groups, most samples tended to reach a 
plateau, indicating that most of the diversity was recovered, but not all of it. Estimates of Good’s 
coverage ranged from 97.6% (1.2.LDPE1) to 99.8% (2.2.LDPE1) (Appendix C), demonstrating 
sufficient sampling coverage. Number of unique OTUs showed bacterial richness increasing as a 
function of sampling date in Colonization Experiment #1 and Colonization Experiment #2 (Fig. 
11 A, B). Microplastics displayed no temporal pattern for bacterial richness (Appendix C). The 
number of unique OTUs ranged from 56 (1.2.Glass1) to 326 (2.17.PC2). The Shannon diversity 
index for each of the samples were also computed and ranged from 1.19 (2.4.PS2) to 3.74 











B. Colonization Experiment #2
 
 
Fig. 10. Rarefaction analysis indicating the observed number of 
OTUs at a genetic distance of 97% similarity for samples 
collected from: A) Colonization Experiment #1, B) 








B. Colonization Experiment #2 
 
Fig. 11. Number of unique OTUs across sampling date for samples collected from: a) 





Overall, fourteen bacterial classes were found in water and biofilms and 171 genera were 
identified. Of all sequence reads, 12% at the class level and 18% at the family level could not be 
classified. Relative abundances were heavily weighted towards Gram-negative organisms. 
Among all samples, Gammaproteobacteria (30%) constituted the majority of the total sequences 
followed closely by Bacteroidetes (28%) and Alphaproteobacteria (20%) (Figs. 12, 13, 14). This 
pattern remained even after separating samples into their respective groups, Colonization 
Experiment #1 (Fig. 12), Colonization Experiment #2 (Fig. 13), and microplastics (Fig. 14); 
however, after Alphaproteobacteria, the most abundant bacterial classes varied by group. 
Unclassified bacteria were the next most dominant bacteria in Colonization Experiment #1 (13% 
overall; Fig. 12) and Colonization Experiment #2 (15% overall; Fig. 13), followed by 
Actinobacteria (5%) and Verrucomicrobia (4%) for Colonization Experiment #1, and 
Betaproteobacteria (6%) and Verrucomicrobia (4%) for Colonization Experiment #2. For 
microplastics, the next most dominant bacterial classes were Betaproteobacteria (6%), 
Verrucomicrobia (5%), and Actinobacteria (3%) (Fig. 14). Compared to bacteria colonizing 
plastics, the water communities always had the greatest dominance of Gammaproteobacteria and 












Fig. 12. Colonization Experiment #1 relative abundances of partial (approximately 300 bp) 
sequences of bacterial 16S rRNA gene estimated by classification at the phylum level, using 
MOTHUR with a modified 16S rRNA database from the Ribosomal Database Project. The 
diverse phylum of Proteobacteria is represented at the class level. Samples are labeled by day 
and substrate type (e.g. 2.Glass = day 2, glass substrate). Paired seawater samples were not 















Fig. 13. Colonization Experiment #2 relative abundances of partial (approximately 300 bp) 
sequences of bacterial 16S rRNA gene estimated by classification at the phylum level, using 
MOTHUR with a modified 16S rRNA database from the Ribosomal Database Project. The 
diverse phylum of Proteobacteria is represented at the class level. Samples are labeled by day 
and substrate type (e.g. 2.Glass = day 2, glass substrate). Samples labeled as H2O are paired 







Fig. 14. Microplastic samples relative abundances of partial (approximately 300 bp) sequences 
of bacterial 16S rRNA gene estimated by classification at the phylum level, using MOTHUR 
with a modified 16S rRNA database from the Ribosomal Database Project. The diverse phylum 
of Proteobacteria is represented at the class level. Microplastic samples are labeled with unique 
identifiers (e.g. AL38). Samples labeled as H2O are paired seawater samples. 
 
 
Members of the Verrucomicrobia phylum were identified in both the plastic and seawater 
associated communities examined over time. They were, however, present in much higher 
concentrations in the early stages of biofilm formation (days 1 – 4) before almost disappearing 
from plastic associated communities by day 16. They remained at a relatively constant level in 
seawater samples over time. One microplastic sample, AL46, also showed high concentrations of 




present in higher concentrations in the early stages of biofilm formation, but relatively constant 
in seawater samples. 
 Within Gammaproteobacteria, the most commonly retrieved bacterial orders overall 
were Oceanospirillales (43%), Alteromonadales (22%), and Pseudomonadales (21%) (Figs. 15, 
16, 17). Vibrionales, the order containing Vibrio spp., represented 7% of the total 
Gammaproteobacteria sequences found. The greatest relative abundances of Vibrio spp. were 
most commonly found on polypropylene (Figs. 15, 16), with Vibrio constituting almost 30% of 
Gammaproteobacteria in sample 2.PP (Fig. 16) and 12% of the entire community. Greatest 
relative abundances, however, varied within and among groups.  Three of the four microplastic 
samples, showed strong distinction from their paired water samples, however was not the case 
for AL46 (Fig. 17).  Similarly, these three had communities dominated by Pseudomonadales, 
which comprised <4% of the bacteria on AL46. Colonization Experiment #1 samples showed 
Pseudomonadales (38%) and Oceanospirillales (33%) as the two major bacterial orders (Fig. 
15), whereas Colonization Experiment #2 samples showed an overwhelming dominance of 
Oceanospirillales (64%) (Fig. 16). The greatest relative abundances of Pseudomonadales were 
found across all samples in Colonization Experiment #1 and constituted approximately 73% of 
Gammaproteobacteria in sample 4.HDPE (Fig. 15) and 37% of the entire community. Of all 
sequence reads, Oceanospirillales accounted for 15%, Alteromonadales 5%, Pseudomonadales 
7%, and Vibrionales 2%. Among Bacteroidetes, Flavobacteria dominated the sequences found 










Fig. 15. Relative abundances of bacterial orders within the most retrieved bacteria class, 
Gammaproteobacteria, for Colonization Experiment #1. Samples are labeled by day and 
















Fig. 16. Relative abundances of bacterial orders within the most retrieved bacteria class, 
Gammaproteobacteria, for Colonization Experiment #2. Samples are labeled by day and 













Fig. 17. Relative abundances of bacterial orders within the most retrieved bacteria class, 
Gammaproteobacteria, for microplastic samples. Samples are labeled with unique identifiers 
(e.g. AL38). Samples labeled as H2O are paired seawater samples. 
 
  
Generally, communities were most similar and clustered closest to other substrates on the 
same day of sampling (Fig. 18 A, B). Additionally, bacteria in paired water samples were more 
similar to one another and distinct from the plastic associated communities (Fig. 18 B, C). There 
was, however, one exception in Colonization Experiment #2 where the water sample from day 
17 grouped with substrate samples from days 17 and 31 rather than with water samples (Fig. 18 
B). Additionally, days 17 and 31 clustered together in a way that days 2 and 4 did not. While 
there were not concurrent water samples from Colonization Experiment #1, samples from the 














Fig. 18. Hierarchical clustering dendrogram showing sample 
relationship based on sequence data. Abundance data (Log 
(x+1)) was compared between samples using Bray-Curtis 
similarity and then clustered using a group average algorithm. 
Samples are labeled by day and substrate type (e.g. 2.Glass = 
day 2, glass substrate) from: A) Colonization Experiment #1, 
B) Colonization Experiment #2, and C) Microplastics. 
Substrate types: low-density polyethylene (LDPE), high-
density polyethylene (HDPE), polypropylene (PP), 
polycarbonate (PC), glass (Glass), and polystyrene (PS). 





Plastic pollution in the marine environment is accumulating at an unprecedented rate, emerging 
as a long-lasting habitat for the colonization and possible dissemination of microbial 
communities and their associated antibiotic resistance genes. Microbial colonization of marine 
plastic pollution, though not a new phenomenon, is a relatively new field of interest in science 
and thus not well documented. Interestingly, after the first reports in 1972 (Carpenter and Smith, 
1972), nearly three decades passed before research into this topic received additional 
consideration.  
This research investigated spatial, temporal, and substrate-specific variation in the 
structure and taxonomic composition of bacterial communities present on plastic in the coastal 
marine environment, with a particular focus on Vibrio spp. This is among the first study to 
examine antibiotic-resistance profiles of potentially pathogenic bacteria harbored on marine 
plastic pollution.  
 
MICROPLASTICS COLLECTED FROM THE MARINE ENVIRONMENT  
In this study, polyethylene was the most commonly recovered marine plastic (13 of 23 pieces; 
Table 1). Zettler et al. (2013), as well as others (Browne et al., 2010; Kirstein et al., 2016; Morét-
Ferguson et al., 2010; Oberbeckmann et al., 2014), also found polyethylene to be one of the most 
commonly recovered polymers, along with polypropylene and polystyrene. According to an 
analysis of European plastics production, polyethylene and polypropylene are the most 




United States, polyethylene and polypropylene also are the most widely produced polymers, with 
polyethylene terephthalate (PET) and polystyrene closely following (Barnes et al., 2009).  
 FTIR identification of a polymer was not possible in 6 of 23 cases, because the strongly 
attached biofilm, apparently resistant to strong treatment with an oxidant, interfered with the 
analysis. Others have reported such analytical issues with biofilms on plastics (Oberbeckmann et 
al., 2014).  
 On average, I collected 1 piece of microplastic from every 17 m3 of water sampled (0.06 
pieces/m3). This value is much lower than concentrations reported for the European coast and the 
North Atlantic Subtropical Gyre, between 13 to 501 items/m3  
 (Enders et al., 2015). Highest concentrations were observed at the coast, with decreasing values 
toward the mid-Atlantic, and then spiked in the western area of the North Atlantic Subtropical 
Gyre. However, Enders et al. (2015) classified approximately 40% of all identified microplastics 
as fibres, a form not considered in our analyses. In a previous study in the Chesapeake Bay, 
microplastics were found at concentrations ranging over 3 orders of magnitude (<1.0 to >560 
g/km2), were positively correlated with population density, and occurred in greatest 
concentrations at three of four sites shortly after major rains (Yonkos et al., 2014). Major rains 
were not recorded during this study, thus concentrations could not be evaluated based on 
weather.   
 
MICROBIAL COMMUNITIES ON PLASTIC POLLUTION 
The first study to use next-generation sequencing (NGS) to examine microbial communities 
attached to marine plastic in the open ocean was published in 2013 (Zettler et al., 2013). Since 




McCormick et al., 2014; Oberbeckmann et al., 2018) have used NGS to examine variation in 
diversity and structure of microbial communities existing on different plastics in the 
environment. The microbial community on marine plastics differs significantly from the 
communities in surrounding seawater (De Tender et al., 2015; McCormick et al., 2014; 
Oberbeckmann et al., 2016). Similarly, plastic-attached communities in the present study were 
diverse, distinct across time, and different from surrounding seawater communities, but 
interestingly did not differ from glass-attached communities. Oberbeckmann et al. (2016) were 
the first to report this same observation for plastic and glass substrates, as previous studies solely 
examined plastics and seawater (McCormick et al., 2014; Hoellein et al., 2014; Zettler et al., 
2013). The lack of significant difference between biofilms on different substrates in both this 
study and in Oberbeckmann et al. (2016) suggests that the drivers of biofilm community 
composition are principally the availability of a surface and environmental conditions present at 
the time of colonization, rather than the type of plastic polymer.  
Indeed, Oberbeckmann et al. (2014) and Amaral-Zettler et al. (2015) found that microbial 
community composition on plastics varied more with geographical location and season than by 
polymer type. Oberbeckmann et al. (2018) demonstrated convincingly for the first time that the 
degree of specificity in substrate colonization depends on ambient environmental conditions. 
They observed that lower nutrient levels, higher salinity, and a coastal system led to substrate 
specificity and that in systems of higher nutrient concentrations, no major differences among the 
various substrate communities could be detected. Since our study was conducted in the lower 
Chesapeake Bay, a relatively high nutrient system, my results are consistent with those of 




Furthermore, my results showed bacterial communities to be similar on all substrates on 
the last two time points (16/17 and 30/31) for both colonization experiments (Fig. 18 A, B). A 
strong similarity between samples in later days of both experiments suggests that bacterial 
communities may have become ‘fixed’ or more stable on substrates over time. Interestingly, in 
Colonization Experiment #2, the water sample from day 17 also clustered with the last two time 
points, when unclassified bacteria spiked in relative abundance and dominated day 17 samples 
(Figs. 13, 18 B). This clustering, again, suggests that colonization likely relies heavily on 
environmental parameters and on the community present in the surrounding water at the time of 
colonization.  
Although I did not detect a major difference in bacterial communities among polymer 
types, I did find that the phyla Verrucomicrobia, Deltaprotebacteria, and Firmicutes had greater 
relative abundances in the early days of the colonization experiments. Extending this observation 
to collected microplastic samples (Fig. 14), I conjecture that microplastics with higher 
concentrations of these taxa (e.g., AL46) may indicate recently introduced plastic pollution.  
Many other factors, however, such as plastic additives, bio-accumulated persistent 
organic pollutants, biofilm formation stages, and ingestion are also likely playing roles in the 
variation seen among marine plastic colonization (Amaral-Zettler et al., 2015). Determining how 
and the degree to which each of these factors contributes to colonization of marine plastic 
represent future research questions.  
 
PLASTIC POLLUTION AND VIBRIO SPP.  
Over the course of my experiments and collections, Vibrio spp. were found in seawater and on 




vulnificus, and V. parahaemolyticus, were cultured from biofilm communities on marine 
microplastics and from polymers deployed for the colonization experiments. In the latter cases, 
regardless of water temperature, Vibrio concentrations on substrates (plastic and glass) increased 
over time, while the concentration of vibrios in surrounding seawater varied with temperature 
(Figs. 3, 4). This result is unsurprising since vibrios thrive in warm coastal waters and their 
concentrations are known to be highly correlated with water temperature (Kelly, 1982). In 
several instances, Vibrio spp. enumerated from substrates exceeded their concentrations in water 
by two orders of magnitude (Figs. 2, 3). Biofilm formation is known to provide survival 
advantages to aquatic microorganisms (Huq et al., 2013) and thus it is not surprising to find 
increased concentrations on marine plastics.  
Kirstein et al. (2016) confirmed the presence of Vibrio spp. on 13% of the marine 
microplastics they collected. They detected V. parahaemolyticus strains on 12 microplastics, and 
in contrast to our study, observed V. vulnificus and V. cholerae only in seawater samples. De 
Tender et al. (2015) and Bryant et al. (2016) also detected members of the family Vibrionaceae 
on marine plastics. In the present study’s NGS results, the greatest relative abundances of Vibrio 
spp. occurred on polypropylene and in water (Fig. 16). Zettler et al. (2013) identified a member 
of the genus Vibrio constituting nearly 24% of one polypropylene sample. Taken together, these 
studies confirm the ubiquity of vibrios on marine microplastics and suggest that polypropylene 
may be an especially favorable substrate.  This result may be due to its structure, surface charge, 
manufacturing protocol, lability, or some combination of these variables.   
Plankton and sediment are known to play an important role in the incidence and survival 
of Vibrio spp. (Huq et al., 2013). The presence of Vibrio in water, sediment, and plankton, 




Huq et al., 2013). By extension, the presence of Vibrio spp. on marine plastic pollution, as seen 
in the present and other studies (Kirstein et al., 2016; Oberbeckmann et al., 2018; Zettler et al., 
2013), implies that plastic can serve as a vector in the same way. Via this long-lasting substrate, 
concentrated and potentially pathogenic vibrios may be indirectly consumed by shellfish, corals, 
fish, and other marine wildlife. The plastic itself may create an issue for these organisms (Cole et 
al., 2015; Sussarellu et al., 2015), but if vibrios can also be transferred, ingested, and retained in 
animal tissues, then plastics may serve as a vector of potentially pathogenic bacteria and raise 
concerns regarding human health. Humans are known to experience severe and often fatal 
infections when exposed to pathogenic vibrios through the consumption of raw shellfish, by 
swimming in infected areas with open wounds, or through skin punctures from handling fish or 
shellfish (Froelich et al., 2012). Compounding the issue, warming of the oceans, coupled with 
the hospitability of plastics for vibrios, may lead to an increase in the presence of pathogenic 
vibrios year round.  
 
PLASTIC POLLUTION AND OTHER PATHOGENS  
Through analysis of NGS results, I identified other potential pathogens. Members of 
Tenacibaculum, a genus that harbors several fish pathogens (Suzuki et al., 2001), constituted 
12% of the total Bacteroidetes discovered (Figs. 12, 13, 14). The relative abundances of 
Enterobacteriaceae, a group that includes Salmonella, Escherichia coli, Yersinia pestis, 
Klebsiella, and Shigella, were less than 1% of the total Gammaproteobacteria (Figs. 12, 13, 14). 
Of these genera, I detected only Shigella. This finding is consistent with that of Oberbeckmann 
et al. (2018), who found low (<0.5%) relative abundances of Enterobacteriaceae on plastic 




concerns have been raised that other unfavorable organisms may be transported via plastics, 
including dinoflagellates that cause harmful algal blooms (Masó et al., 2002). Based on my 
observations, plastic pollution may serve as a vector for many different pathogens and could be a 
cause for concern for not only marine organisms, but also for humans who consume fish and 
shellfish. 
 
DEGRADATION OF PLASTIC POLLUTION  
Recent evidence for plastic degradation and assimilation by the bacterium Ideonella sakaiensis is 
providing further impetus for research in this area (Yoshida et al., 2016). I. sakaiensis was not 
identified in my study, but the family to which it belongs, Comamonadaceae, made up 42% of 
the Betaproteobacteria across all samples (Figs. 12, 13, 14). Notably, Rhodobacteraceae, known 
hydrocarbon degraders reported to degrade polyethylene in biofilms (Orr et al., 2004), 
constituted 74% of the Alphaproteobacteria (Figs. 12, 13, 14). Pseudomonas was also present 
within the colonizing biofilm communities and represented 10% of the total 
Gammaproteobacteria identified (Figs. 12, 13, 14).  Occurrence of Pseudomonas is noteworthy, 
since under laboratory conditions, Pseudomonas spp. can degrade over 20% of a polyethylene 
sample in one month (Kathiresan, 2003).  
Across several studies, including the present one, the presence of these species on marine 
plastics suggests that plastic pollution may select for bacteria capable of decomposing its 
constituent compounds. More research should focus on identifying the microbes that colonize 
plastic debris in the ocean, and determining their ability to degrade, transform, or eventually 





ANTIBIOTIC RESISTANCE  
The potential for marine plastic pollution to serve as a vector for pathogenic organisms is 
compounded by the possibility for dissemination of antibiotic resistance genes. The transport and 
transfer of antibiotic resistance on marine plastic has not received considerable attention to date, 
but is considered an urgent topic to address (Arias-Andres et al., 2018; Oberbeckmann et al., 
2018). Arias-Andres et al. (2018) were the first to report horizontal transfer of antibiotic 
resistance genes on marine plastic biofilms and determine that plasmid transfer is significantly 
greater on microplastics than in the surrounding water. Their study cautions about the potential 
for an exponential (100,000-fold) increase in the transfer of antibiotic resistance genes in aquatic 
environments (Arias-Andres et al., 2018).  
Because of time and resource constraints for this study, antibiotic resistance was 
examined culturally rather than through molecular methods, as done in Arias-Andres et al. 
(2018). Overall, antibiotic resistance profiles of Vibrio isolated from plastics in colonization 
experiments were no different than those from the surrounding water column. There was, 
however, a significant difference in antibiotic resistance profiles between isolates from 
colonization experiments and those from microplastics, with more resistance overall seen in the 
former (Figs. 5, 6). Within these groups, there was no pattern with respect to sampling date and 
no distinction between isolates from water versus plastics. These differences may be influenced 
by location, therefore, as microplastics were collected from the Elizabeth River and colonization 
experiments were conducted in the Lafayette River. Although, the two locations are only 
approximately 4 km apart and connected via water to one another, the Virginia Zoological Park 
and its associated runoff is directly along the Lafayette River and only approximately 1500 




resistance genes inherent in this wastewater since zoo animals are known to act as reservoirs of 
bacteria harboring antimicrobial resistance genes (Ahmed et al., 2007). The results seen here are 
also in line with the conclusions of Oberbeckmann et al. (2018), who considered that 
environmental conditions shape biofilm communities and, in this case, their antibiotic resistance 
profiles as well.  
Across all Vibrio isolates, the most common forms of resistance were to ampicillin, 
streptomycin, rifampin, and erythromycin. Two decades ago, the CDC recommended 
erythromycin against V. cholerae as the first drug to administer to pregnant women and children 
and ciprofloxacin and doxycycline as the second-line of defense (Echevarria et al., 1995). My 
results suggest that for any plastic-associated infections in the lower Chesapeake Bay, second-
line drugs may ultimately prove to be more effective. The implications of this study, in unison 
with others, showcase that antibiotic resistant Vibrio on marine plastics have the potential to 
persist in the environment and horizontally transfer genes to other potential pathogens.  
CONCLUSIONS 
 
This is the first study to confirm the presence of three potentially pathogenic Vibrio spp., V. 
vulnificus, V. parahaemolyticus, and V. cholerae, on plastics in the marine environment. These 
findings support the initial report of vibrios on microplastics (Zettler et al., 2013) and extend the 
observation from the open ocean to coastal regions. The results from this study also support 
observations that the environment may be a key predictor of biofilm community composition, 
rather than merely substrate characteristics. Despite the extensive literature on the dangers 
microplastics pose to seabirds, fish, and marine mammals via ingestion, there is little information 




that ingest them. Ingestion of microplastics by marine organisms subsequently consumed by 
humans may pose a public health concern, particularly if those microplastics harbor pathogenic 
vibrios. More research is needed to investigate the role that marine plastics may play in 
concentrating and spreading potential pathogens as well as their associated antibiotic resistance 
genes. Further studies for this specific work could include: scanning electron microscopy to 
investigate bacterial communities on different substrates; analysis of toxin genes present in 
Vibrio spp.; and evaluation of antibiotic resistance genes associated with substrate bacterial 
communities. Finally, the widespread existence of marine plastic pollution calls for a more 
responsible use of plastics in our society. Without the prevention of marine pollution coupled 
with systemic behavior change, the pervasive issue of marine plastics is only likely to intensify 
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List of antibiotics used in this study, their associated antibiotic class, mechanism of action, and mode 
of resistance.  
Antibiotic Class Antibiotics in this 
Study 
Mechanism of Action Mode of Resistance 
Tetracyclines Tetracycline (30μg), 
doxycycline (30μg) 
Inhibition of the 
binding of aminoacyl-
tRNA to the mRNA-
ribosome complex 
Enzymatic inactivation, efflux 
pumps, and ribosomal 
protection 
Beta-lactams Ampicillin (10μg), 
ceftazidime (30μg) 
Inhibition of the 
synthesis of 
peptidoglycan 
Enzymatic hydrolysis of the β-
lactam ring, and possession of 
altered penicillin-binding 
proteins 
Aminoglycosides Gentamicin (10μg), 
streptomycin (10μg) 




Reduced uptake or decreased 
cell permeability, alterations at 
the ribosomal binding sites, and 
production of aminoglycoside 
modifying enzymes 




Mutations in the structure of 




Inhibition of peptidyl 
transferase 
Enzymatic inactivation by 
acetylation, target site 
mutation/modification, 
decreased outer membrane 





Inhibition of DNA 
gyrase and 
topoisomerase IV 
Alterations in the target 
enzymes (DNA gyrase and 
topoisomerase IV) or changes 
in drug entry and efflux 
Macrolides Erythromycin (15μg), 
azithromycin (15μg) 
Inhibition of bacterial 
protein biosynthesis 
Post-transcriptional 
methylation of the 23S 






Temperature (Celsius) and salinity (ppt) values for A) Colonization Experiment #1, B) Colonization 
Experiment #2, and C) Microplastics. 
 
A) Colonization Experiment #1 
Sample date (day) Temperature (Celsius) Salinity (ppt) 
1.0 21.5 19 
2.0 21.0 19 
4.0 20.3 19 
9.0 14.8 20 
16.0 16.8 22 
30.0 18.0 21 
 
B) Colonization Experiment 
Sample date (day) Temperature (Celsius) Salinity (ppt) 
1.0 9.5 18 
2.0 6.5 18 
4.0 7.4 17 
9.0 2.1 18 
16.0 5.2 15 
30.0 5.2 12 
 
C) Microplastics 
Sample date Temperature (Celsius) Salinity (ppt) 
June 2, 2015 24.9 - 
June 3, 2015 22.3 - 
June 4, 2015 22.1 - 
June 9, 2015 25.6 - 
June 15, 2015 28.2 - 
June 18, 2015 28.7 - 
July 1, 2015 26.9 - 
August 13, 2015 27.0 - 
August 20, 2015 30.1 - 
September 2, 2015 26.0 - 
September 11, 2015 24.5 23 
October 29, 2015 18.9 22 
November 9, 2015 16.1 21 
November 24, 2015 10.3 17 






Estimated sample coverage (Good’s Coverage), diversity richness (number of unique OTUs), 
and diversity index (Shannon) for 16S rRNA libraries. Each of the samples contains 2,500 
sequences to obtain equal sampling depths. A) Colonization Experiment #1, B) Colonization 
Experiment #2, and C) Microplastics. 
 
 
A) Colonization Experiment #1 
Sample ID Good's 
coverage 
# of Unique 
OTUs 
Shannon  
1.2.Glass1 1.00 56 2.28 
1.2.Glass2 1.00 95 2.71 
1.2.HDPE1 1.00 120 3.25 
1.2.HDPE2 0.99 104 2.96 
1.2.LDPE1 0.98 201 3.49 
1.2.LDPE2 0.99 98 3.39 
1.2.PC1 1.00 100 2.79 
1.2.PC2 1.00 108 2.43 
1.2.PP1 0.99 83 2.95 
1.2.PP2 1.00 115 3.21 
1.4.Glass1 1.00 165 3.26 
1.4.Glass2 1.00 187 2.51 
1.4.Glass3 1.00 204 2.69 
1.4.HDPE1 0.99 206 2.86 
1.4.HDPE2 1.00 181 2.54 
1.4.HDPE3 0.99 198 2.49 
1.4.LDPE1 1.00 171 2.91 
1.4.LDPE2 1.00 142 3.02 
1.4.LDPE3 0.99 158 2.44 
1.4.PC1 0.99 222 3.40 
1.4.PC2 0.99 209 3.12 
1.4.PC3 0.99 208 3.17 
1.4.PP1 0.99 224 3.28 
1.4.PP2 1.00 217 3.18 
1.4.PP3 0.99 214 3.28 
1.16.Glass1 0.99 181 1.69 
1.16.Glass2 0.99 178 1.82 
1.16.HDPE1 0.99 209 2.30 




A) Colonization Experiment #1 Continued 
Sample ID Good's coverage # of Unique OTUs Shannon  
1.16.LDPE1 0.99 203 2.30 
1.16.LDPE2 0.99 185 2.21 
1.16.PC1 0.99 193 2.26 
1.16.PC2 0.99 199 2.37 
1.16.PP1 0.99 204 3.16 
1.16.PP2 0.99 203 3.16 
1.30.Glass1 0.99 219 2.96 
1.30.Glass2 0.99 210 3.25 
1.30.Glass3 0.99 218 3.45 
1.30.HDPE1 0.99 215 3.11 
1.30.HDPE2 0.98 201 3.39 
1.30.HDPE3 0.99 228 3.57 
1.30.LDPE1 0.99 213 3.00 
1.30.LDPE2 0.99 198 2.86 
1.30.LDPE3 0.99 214 3.71 
1.30.PC1 0.99 253 3.67 
1.30.PC2 0.99 221 3.63 
1.30.PC3 0.99 216 2.99 
1.30.PP1 0.99 228 3.67 
1.30.PP2 0.98 226 3.60 
1.30.PP3 0.99 256 3.55 
    
 
 
B) Colonization Experiment #2 
Sample ID Good's coverage # of Unique OTUs Shannon  
2.2.Glass1&2 1.00 132 2.26 
2.2.Glass3 0.99 67 2.32 
2.2.H2O1 1.00 118 2.72 
2.2.H2O2 0.99 120 2.70 
2.2.HDPE1 1.00 161 3.43 
2.2.HDPE2 0.99 86 3.57 
2.2.LDPE1 1.00 140 2.97 
2.2.LDPE2 1.00 109 2.53 
2.2.PC1 1.00 125 3.02 




B) Colonization Experiment #2 Continued 
Sample ID Good's coverage # of Unique 
OTUs 
Shannon  
2.2.PP1 1.00 126 3.70 
2.2.PP2 0.99 130 3.74 
2.2.PS1 0.99 66 2.37 
2.2.PS2 1.00 126 3.26 
2.4.Glass1 1.00 104 2.26 
2.4.Glass2 1.00 104 2.17 
2.4.Glass3 1.00 86 2.03 
2.4.H2O1 0.99 113 2.71 
2.4.H2O2 0.99 112 2.70 
2.4.H2O3 0.99 106 2.65 
2.4.HDPE1 1.00 165 1.77 
2.4.HDPE2 1.00 128 2.04 
2.4.HDPE3 1.00 128 1.92 
2.4.LDPE1 0.99 189 1.79 
2.4.LDPE2 1.00 160 2.41 
2.4.LDPE3 1.00 164 1.52 
2.4.PC1 1.00 99 2.29 
2.4.PC2 1.00 167 2.05 
2.4.PC3 1.00 163 1.79 
2.4.PP1 1.00 109 2.01 
2.4.PP2 1.00 147 1.82 
2.4.PP3 0.99 202 2.72 
2.4.PS1 0.99 85 1.20 
2.4.PS2 0.99 117 1.19 
2.4.PS3 1.00 122 2.06 
2.17.Glass1 0.99 293 2.35 
2.17.Glass2 0.98 187 2.18 
2.17.H2O1 0.99 192 2.39 
2.17.H2O2 0.99 132 2.26 
2.17.HDPE1 0.99 231 1.54 
2.17.HDPE2 0.99 221 2.30 
2.17.LDPE1 0.99 209 1.81 
2.17.LDPE2 0.99 197 2.11 
2.17.PC1 0.99 203 1.60 
2.17.PC2 1.00 326 2.57 
2.17.PP1 0.99 215 2.03 
2.17.PP2 0.99 213 1.85 
2.17.PS1 0.99 191 1.59 




    
B) Colonization Experiment #2 Continued 
Sample ID Good's coverage # of Unique 
OTUs 
Shannon  
2.31.Glass1 0.99 219 2.27 
2.31.Glass2 0.99 199 2.30 
2.31.Glass3 0.99 233 2.58 
2.31.H2O1 0.99 162 2.98 
2.31.H2O2 0.99 154 2.96 
2.31.H2O3 0.99 160 2.91 
2.31.HDPE1 0.99 235 2.64 
2.31.HDPE2 0.99 203 2.47 
2.31.HDPE3 0.99 231 2.44 
2.31.LDPE1 0.99 210 2.80 
2.31.LDPE2 0.99 232 2.90 
2.31.LDPE3 0.98 189 2.78 
2.31.PC1 0.99 193 2.64 
2.31.PC2 0.98 219 2.85 
2.31.PC3 0.98 223 2.98 
2.31.PP1 0.99 240 2.62 
2.31.PP2 0.99 214 2.59 
2.31.PP3 0.99 209 2.76 
2.31.PS1 0.99 236 2.50 
2.31.PS2 0.99 215 2.60 




Sample ID Good's coverage # of Unique OTUs Shannon  
AL38 1.00 134 3.43 
AL38.H2O 0.99 141 2.72 
AL42 0.99 211 2.91 
AL43 0.99 97 3.40 
AL43.H2O1 1.00 136 2.88 
AL43.H2O2 0.99 123 3.00 
AL46 0.99 203 3.18 
AL46.H2O1 0.99 127 2.80 
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